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ABSTRACT 

The use of spectral imaging to reveal inorganics and organics identity in the biological samples 

by Qamar Aqeel Alshammari 

 

The wavelength is used to identify the exact location and quantify the number of molecules in the 

spectral imaging system. It aids in identifying materials and studying their quantities by examining 

how they interact with light. A traditional spectrometer provides spectrum information of chemical 

compounds, while standard imaging provides the intensity at each pixel of the image. Spectral 

imaging (SI) combines these two aspects by equipping intensity and spectral data for each pixel. 

In biomedical research, it is important to assess the inorganics/organics molecules to understand 

drug activity, cellular toxicity, and distribution. Using the microscopy technique, we found for the 

first time that spectral imaging can provide a high temporal and spatial resolution of gold (Au) and 

silver (Ag) nanoparticles (NPs) in fixed, living cells and tissue samples. We discovered that SI has 

a tremendous potential to study NPs localization and identification in biological samples at a single 

living cell and tissue, based primarily on the spectra information. In addition, we revealed for the 

first time that without labeling the drug and destroying the samples, spectral imaging is a novel 

method that allows us to analyze the dynamics of drug distribution and metabolism in single living 

cells. The spectral microscopy provides a high image resolution to track and identifies doxorubicin 

(dox) metabolite, which is doxorubicinol (dox’ol). The microscopy approach confirms that both 

dox and dox’ol are translocated to the nucleus at different rates, while rhodamine remains in the 

cytoplasm. 
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Chapter 1: Label-Free Nanoparticles Overview 

1.1 Introduction 

NPs are a wide-ranging class of materials having an overall size of less than 100 nanometers 

(Laurent et al., 2008). These materials have emerged as key players in modern medicine in recent 

years, with uses from contrast agents in medical imaging to gene carriers for specific cell 

distribution. Because NPs are not simple molecules; they are made of three layers, including: (a) 

the surface layer, which can be functionalized with various small molecules, metal ions, 

surfactants, and polymers; (b) the shell layer, which is chemically and physically distinct from the 

core; and (c) the core, which is the central section of the NP and commonly refers to the NP itself 

(Shin et al., 2016) (Fig 1-1). NPs have many properties that can distinguish them from bulk 

materials not only by their sizes, such as chemical reactivity, energy absorption, and biological 

mobility (Murthy, 2007). The ability to adjust essential qualities such as solubility, diffusivity, 

blood circulation half-life, drug release characteristics, and immunogenicity is unrivaled when 

using nanoscale materials. In the last two decades, many NP-based diagnostic and therapeutic 

agents have been developed for the treatment of cancer, diabetes, pain, asthma, allergies, 

infections, etc (Brannon-Peppas & Blanchette, 2004), (Kawasaki & Player, 2005). These nano-

level pharmaceuticals can provide more effective and/or more convenient routes of administration, 

reduce therapeutic toxicity, extend product life cycle, and ultimately reduce medical care costs 

(Murthy, 2007). Recent biomedical science researches have resulted in the successful redesign of 

therapeutic medicines for disease therapy (Yetisgin et al., 2020). A promising technique of 

delivering a wide range of molecules to specific areas in the body is to combine therapeutic 
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medicines with NPs that have distinct physicochemical and biological properties and design their 

paths for appropriate targeting (Jahan et al., 2017). This targeting technique increases the 

concentration of the therapeutic agent in cells/tissues, allowing for the use of low doses, especially 

if the agent's therapeutic activity and toxic effects are incompatible. 

 

 

 

 

 

 

 

 

 

 

 

 

 

Figure 1-1: Different type of commonly used nanoparticles 



3 

1.2 Therapeutics based on NPs approved for clinical use 

Many healthcare applications require direct detection and quantification of synthetic and naturally 

occurring NPs, such as determining viral load for infectious disease diagnostics (Cretich et al., 

2015), assessing the quality of drug delivery reagents for therapy (De Jong & Borm, 2008), and 

discovering and evaluating new biomarkers such as exosomes for disease diagnosis and treatment 

monitoring (Srinivas et al., 2001). NP-based medicine delivery has several advantages that have 

been recognized. It enhances the solubility of poorly water-soluble medications, reduces 

immunogenicity and so prolongs the half-life of drugs in the systemic circulation, releases drugs 

at a steady rate or in an environmentally sensitive manner, and thus reduces the frequency of 

administration, administers medications in a targeted manner to reduce systemic side effects and 

simultaneously delivers two or more drugs for combination therapy to have a synergistic impact 

and inhibit drug resistance (Emerich & Thanos, 2007), (Kawasaki & Player, 2005). The number 

of commercially accessible NP-based medicinal products has been steadily increasing. More than 

150 companies are developing nanoscale medicines, according to a global survey conducted by 

the European Science and Technology Observatory in 2006. There have been 24 nanotechnology-

based medicinal medicines approved for clinical use thus far, with cumulative sales exceeding $5.4 

billion (Wagner et al., 2006).  Liposomal medicines and polymer-drug conjugates are the two most 

common types of these products, accounting for more than 80% of the total (Table 1-1). 

Liposomes are spherical lipid vesicles with a bilayered membrane structure made of amphiphilic 

lipid molecules that can be natural or manufactured (L. Zhang & Granick, 2006), (Torchilin, 2005). 

Liposomes have become popular as pharmaceutical carriers in recent years due to their unique 

ability to (a) efficiently encapsulate both hydrophilic and hydrophobic medicinal ingredients, (b) 

protect the encapsulated medications from the undesired effects of the environment, (dc) be 
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imbued with specific ligands that can be used to target specific cells, tissues, and organs (Torchilin, 

2005), (Moghimi & Szebeni, 2003). Polymer–drug conjugates are another well-studied NP drug 

delivery method that is currently in clinical use (Duncan, 2006). Small-molecule therapeutic drugs, 

particularly anticancer chemotherapeutics, typically have two disadvantages: a short circulation 

half-life, which necessitates repeated administrations, and non-site-specific targeting, which 

results in unwanted systemic side effects. Small-molecule medications can be conjugated to 

polymeric nanocarriers to reduce unwanted side effects.  

Table 1-1: NP-based medicines that have been approved clinically 

Composition                          Indication                                                          Administration 

Liposomal platforms 

Liposomal amphotericin B Fungal infections i.v. 

Liposomal cytarabine Malignant lymphomatous meningitis i.t. 

Liposomal dox Combination therapy with cyclophosphamide 

in metastatic breast cancer 

i.v. 

Liposomal morphine Postsurgical analgesia Epidural 

Polymeric platforms 

Methoxy-PEG-poly(D,L-

lactide) taxol 

Metastatic breast cancer i.v. 

L-Glutamic acid, L-

alanine, L-lysine, and L-

tyrosine copolymer 

Multiple sclerosis s.c. 

PEG–HGF Acromegaly s.c. 
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1.3 Metallic NPs and their application 

 Metallic NPs feature an inorganic metal or metal oxide core usually surrounded by an organic or 

inorganic substance or metal oxide shell. Metal NPs have piqued the curiosity of scientists for 

decades due to their enormous potential in nanotechnology. Because metal NPs may be 

synthesized in a variety of sizes, shapes, and surface modifications, they can be coupled with 

antibodies, targeting ligands, and medicines, allowing for a wide range of applications. Metal NPs 

are used in a variety of ways in our daily lives (Table 1-2) (Khan, 2020). The introduction of pilot-

scale production of metallic NPs, which have acquired the market in numerous consumer products 

such as lotions, shampoos, apparel, footwear, and plastic containers, has resulted from the 

development of new economically effective processes for metallic NPs manufacture (Diegoli et 

al., 2008). 

 

Metals                                    NPs application                  

Gold (Au) Photodynamic treatment, cellular imaging 

Silver (Ag) Antimicrobial, batteries, electrical, photography  

Zinc (Zn) Sunscreen, skin protection 

Copper (Ce) Antimicrobial (i.e., antiviral, antibacterial), antibiotic treatment, 

lubricants, inks 

Aluminum (Al) Coating additive, fuel additive, explosive 

(Schrand et al., 2010) 

 

Table 1-2: Metallic NPs applications 
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The gold NP is one of the first metals to be found, with a study and use history that dates back at 

least a thousand years. The first reports on colloidal gold can be detected in treatises by Chinese, 

Arabian, and Indian scientific; they used it for a wide range of purposes, including medicine 

(Chinese "golden solution" and Indian "liquid gold") (Dykman & Khlebtsov, 2011). Over the last 

half-century, reliable and high-yielding procedures for synthesizing AuNPs, including those with 

spherical and nonspherical forms, have been established. The resulting AuNPs have unique 

characteristics such as electronic and optical properties related to size and shape, a high surface-

to-volume ratio, and surfaces that can be easily modified with functional groups such as thiols, 

phosphines, and amines, which show an affinity for gold surfaces (Daniel & Astruc, 2004). The 

development of gold nanoconjugates has enabled a wide range of investigations, including the 

controlled assembly and crystallization of materials (Mirkin et al., 1996), (S. Y. Park et al., 2008), 

on DNA templates, NPs can be arranged into dimers and trimers (Alivisatos et al., 1996), detection 

methods (J. Liu & Lu, 2003), biosensors (Kreibig & Vollmer, 2013), hyperthermia therapy (X. 

Huang et al., 2006), Therapeutic drug and genetic materials delivery systems (Paciotti et al., 2004), 

and anti-bacterial drugs (Sondi & Salopek-Sondi, 2004a), (Hsiao et al., 2006). Gold 

nanoconjugates and their characteristics have led to innovative and interesting advancements in 

biology and medicine in recent years. These studies exemplify a different direction that greatly 

differs from the more traditional use of gold nanoconjugates as labels for electron microscopy 

(Faulk & Taylor, 1971). Silver NPs (Ag NPs) are silver particles with a particle size of 1 to 100 

nm. Similar to gold NPs, ionic silver has a long history and was originally utilized to dye the glass 

for yellow. At present, there are also efforts to include silver NPs into a broad range of medical 

devices, involving bone cement, surgical instruments, and surgical masks, etc. Furthermore, it has 

been demonstrated that ionic silver can be used to cure wounds in the correct amounts (Qin, 2005), 
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(Atiyeh et al., 2007), (Lansdown, 2006). Ag's antibacterial effect is well-known, and it's employed 

in a variety of medical preparation against pathogens (Sondi & Salopek-Sondi, 2004b), (Kumar & 

Yadav, 2009), (Sotiriou & Pratsinis, 2011). AgNPs have been shown to have antifungal properties 

(Vivek et al., 2011), and their use as antifungal agents has been found to be safer than traditional 

fungicides (Y. Park et al., 2011). Recent antimicrobial investigations of Ag NPs have revealed that 

bio-sorption and cellular absorption can cause significant membrane damage and DNA toxicity 

(Brayner et al., 2006), (Simon-Deckers et al., 2009). AgNPs are already used as antimicrobial 

agents in many widely accessible medicinal and consumer goods. Despite its decades of use, the 

evidence of its toxicity has yet to be adequately investigated. Many commercial products, such as 

computer keyboards, acne creams, and apparel (e.g., socks and athletic wear) that protect the 

wearer from generating body odor in addition to deodorizing sprays, now contain silver (D. Zhang 

et al., 2020). 

1.4 Approaches to detect label-free NPs 

Nanomaterial detection is challenging not only because of the particles' small size and potential 

for sequestration and agglomeration but also because of their distinct physical and chemical 

properties (Picó & Andreu, 2014). NP detection and identification methods are varied. The 

maturity of the nanoobject and the matrix in which it is contained, as well as the investigation's 

goals, determine which technique is used (Burleson et al., 2004). NPs with radioactive (Nemmar 

et al., 2002), magnetic (J. S. Kim et al., 2006), or fluorescent (Kwon et al., 2009) qualities make it 

easier to detect them in cells and tissues. However, the majority of inorganic nanosized particles 

lack these characteristics. The absence of universal methods or integrated protocols of analysis 

with the use of different methods is the key difficulty of NP control in bio-samples. Inexpensive 
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instruments are deficient for operational measurements, mass concentration control, surface area 

control, and size distribution control (Gendrikson et al., 2011).  

Microscopy and other related techniques 

Electron and scanning probe microscopy are the most common techniques of NPs visualization, 

with resolution up to the subnanometer scale. This approach uses beams of electrons focused on 

the surface of the sample through various electromagnetic lenses. Electrons are scattered through 

the sample and then refocused and magnified by another series of electromagnetic lenses in the 

image column to generate a projected image (Mayhew et al., 2009), (Robson et al., 2018a). There 

are several different types of the electron microscope, Scanning electron microscopy (SEM) and 

transmission electron microscopy (TEM). In the TEM method, the focused electron beam passes 

through the sample, which should have a very small thickness, for example, the ultra-thin section 

obtained on the ultra-thin microtome or the dry suspension thin film.  In the case of SEM, scattering 

of electrons occurs at the surface of the sample, and then an image is formed when the scattered 

electrons are focused (García-Negrete et al., 2015), (Robson et al., 2018a). Tissue samples are 

typically fixed with chemicals (most commonly formalin), then dehydrated with serial alcohol 

before embedment in embedding resin. Although this technique is typically considered semi-

quantitative, there are several drawbacks to consider when using it to assess NP biodistribution. 

When compared to standard histology, electron microscopy is more expensive and incapable of 

evaluating large tissue sections. Moreover, to assess and approximate biodistribution in each 

organ, a small number of ultra-thin tissue sections (50–150 nm thickness) are commonly chosen, 

which may alter the results because not all sections are studied. Electron microscopy is also a time-

consuming method, typically taking more than 3 to 4 hours to analyze a single sample (Kempen 



9 

et al., 2013). Since this method includes using lipid-soluble solvents, NPs composed of materials 

that are easily dissolved by these solvents (for example, liposomes, solid lipid NPs, and micelles) 

must use other biodistribution technologies. 

Chromatographic methods  

NPs can be isolated from complex samples using chromatographic techniques. They may have a 

high sensitivity depending on the detector used. By using detection methods, such as inductively 

coupled plasma mass spectrometry (IC-PMS), various NPs can be quantitatively determined in the 

composition of biological samples. In ICP, liquid samples are sprayed in a nebulizer to ionize 

elements by exciting the electrons of individual atoms through the thermal source of high 

temperatures (such as argon plasma). An ion guide separates the ionized atoms from neutral 

particles in a vacuum chamber, where they are measured by a mass spectrometer (MS). To separate 

the elements, the mass-to-charge ratio of the ions is applied, and the concentration of each element 

is calculated utilizing the ion signal percentage relative to an internal calibration standard 

(Wilschefski & Baxter, 2019). There are many disadvantages and challenges of ICP-MS. Sample 

destruction and digestion are required because ICP-MS samples must be in liquid form to permit 

ionization. In addition, equipment and operating (argon) cost. ICP-MS accuracy can be reduced 

by matrix effects, which can change analyte sensitivity caused by a high concentration of matrix 

components. 

Spectroscopy and related methods  

One of the most frequent techniques for assessing biodistribution after in vivo administration in 

animals is microscopic imaging of NPs in tissue sections. Under a microscope, typically light and 
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fluorescence microscopy, this technique examines the association of NPs with the cellular 

microenvironment. Most NPs, on the other hand, lack intrinsic fluorescence. Labeling NPs with 

fluorophores is a popular way of observing the dynamic events of these NPs within cells (Meinardi 

et al., 2015). The issue is that fluorophores are photobleached and might induce cell damage, 

limiting imaging to extremely short periods of time (Ji et al., 2008). As a result, the fluorescence 

signal may be reduced. Labeling NPs with fluorescent dyes may change their physicochemical 

properties and subsequent in vivo behavior in fluorescence imaging (Robson et al., 2018b).  

Several label-free methods have been developed for observing NPs in live cells, such as scatter-

enhanced phase-contrast microscopy (Zimmerman et al., 2016a), Raman scattering microscopy 

(B. Huang et al., 2018a), and optical diffraction tomography (D. Kim et al., 2018a). However, for 

real-time imaging of label-free NPs, no strategies have been used except one approach, which is 

scattered light imaging, requiring a specific wavelength range. (F. Wang et al., 2019) 
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Chapter 2: The Use of Advanced Spectral Imaging to Reveal 

Nanoparticle Identity in Biological Samples 

Alshammari, Q. A., Pala, R., Barui, A. K., Alshammari, S. O., Nauli, A. M., Katzir, N., 

Mohieldin, A. M., & Nauli, S. M. (2022). The use of advanced spectral imaging to reveal 

nanoparticle identity in biological samples. Nanoscale, 14(11), 4065–4072. 

https://doi.org/10.1039/D1NR07551A 

 

Author Contribution: 

QAA collected data, analyzed data and drafted the manuscript. RP synthesized and characterized 

the NPs and helped design some studies. RB, resynthesized the nanoparticles for characterization 

purposes. SOA contributed in the H&E and silver staining experiments (double-blind). AMN 

provided data and statistical analyses. NK participated in the spectral imaging system and software 

analysis. AMM analyzed the TEM images. SMN conceived the idea, designed research and 

oversaw the experimental progress. All authors were participating in finalizing the draft of the 

manuscript. 

 

2.1 Abstract 

Inorganic NPs have been used in drug delivery therapy, medical diagnostic strategy, and the 

current Covid-19 vaccine carriers. We recently introduced SI that could distinguish a drug 

molecule and its metabolite that are structurally different by only 1 hydrogen atom resulted from 

https://doi.org/10.1039/D1NR07551A
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the cellular metabolism (Alshammari et al., 2021). Using the same technique, we here show that 

we could detect unlabeled Ag-NPs and Au-NPs in single live cells and tissues (liver, heart, spleen 

and kidney). Our studies were validated using various laborious and time-consuming conventional 

techniques. Importantly, unlike other breakthrough studies that depend on the plasmon resonance 

scattering or extinction spectra “intensity”(Zimmerman et al., 2016b), (Chen et al., 2015), 

(Patskovsky et al., 2015), (Chen et al., 2010), (Ling et al., 2009), SI uses a broader 400-800 nm 

spectra “identity” to provide a more specific fingerprinting for each single molecule. This in turn 

allows us to detect surface-functionalization of Ag-NPs with shell (Ag(s)-NPs) from non-shelling 

core-only Ag-NPs. We propose that SI has a tremendous potential to study NP localization and 

identification in biological samples at a high temporal and spatial resolution, based primarily on 

the spectra identity information.  

2.2 Introduction 

The conventional methods used for the quantification of the inorganic NPs include inductively 

coupled plasma mass spectrometry (ICP-MS) and inductively-coupled plasma atomic emission 

spectroscopy (ICP-AES) (António et al., 2016), (Vanhecke et al., 2014), (Lee et al., 2014). In 

addition to the matrix interference, some disadvantages in ICP associated methods include 

chemical intervention, the necessity of liquid sample, plasma sensitivity to organic solvents, and 

ineffectiveness of the nebulizer. Non-destructive techniques have also been developed. These 

include the use of fluorescent-labeled NPs (Pala, Mohieldin, Sherpa, et al., 2019), (Pala, 

Mohieldin, Shamloo, et al., 2019) and the modern ultrasonic holography (Shekhawat & Dravid, 

2005), (Tetard et al., 2008). While fluorescent-conjugated NPs are generally used to identify NP 

localization in the live biological samples, such conjugation could interfere with NP function, 

localization, cytotoxicity and biodistribution (Snipstad et al., 2017), (Tenuta et al., 2011a), (Corbo 
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et al., 2016). Thus, different imaging modalities have been recently introduced to image unlabeled-

NPs without destroying the biological tissues. Based on the light-refractive index of NPs, NPs 

detections in live cells have been performed (D. Kim et al., 2018b). The specific scattered-light of 

NPs allows real-time monitoring of unlabeled NPs (F. Wang et al., 2019). In addition to Raman 

spectroscopy (B. Huang et al., 2018b), a standard optical spectroscopic microscopy has also been 

used to image NPs, albeit this was done at a much narrow scanning range of 200 nm (Spicer et al., 

2018). Different optical microscopy techniques to detect a specific spectrum of NPs have therefore 

been proposed to capture absorption spectra (Zimmerman et al., 2016b) and the plasmon resonance 

scattering or extinction spectra of various NPs (Chen et al., 2015), (Patskovsky et al., 2015), (Chen 

et al., 2010), (Ling et al., 2009). Despite recent advances in optical microscopes, visualizing 

unlabeled-NPs remains a challenge. This is primarily due to the intensity-based measurements 

performed at a very narrow spectrum optimized for different studies and systems at different 

laboratories. We recently introduced a SI in which broader spectral characteristics are first 

identified, characterized and stored in a library (Alshammari et al., 2021). These spectra are 

scanned from 400-800 nm with an average resolution of 10 nm, resulting in unique 40 

interconnected datapoints. The key feature is that we could recall all spectra with the similar 

characteristics from the library, based merely on the identity of these 40 datapoints, i.e., the relative 

intensity of these 40 points toward each other. This strategy allows us to differentiate 2 molecules 

which are different by only a single hydrogen atom (Alshammari et al., 2021). 
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2.3 Materials and Methods  

Materials  

LL-CPK1 (ATCC. CL101.1TM) porcine renal epithelial cells from proximal tubule were 

purchased from American Type Culture Collection (ATCC; Manassas, VA). Trypsin, penicillin-

streptomycin solution (lot# 04619001), phosphate-buffered saline (PBS; lot# 05319001), and 

Dulbecco's Modified Eagle Medium (DMEM) (lot# 20818006) were purchased from Corning 

(Manassas, VA). Fetal bovine serum (FBS) was obtained from Seradigm (Logan, UT), 

paraformaldehyde (PFA) from Electron Microscopy Services (Hatfield, PA), Mounting Media 

HistoChoice. from Amresco, lysis buffer from Thermo scientific (Rockford, IL), protease inhibitor 

cocktail from Roche (Mannheim, Germany), Nitric Acid TraceMetal Grade (lot# 1119040) and 

Hydrochloric Acid TraceMetal Grade (lot# 4119080) from Fisher Scientific (Fair Lawn, NJ 

07410), and Silver Staining Kit from Invitrogen (Cat no. LC6070).  

 

Cell culture 

LL CPK1 cells were cultured to a confluent monolayer in DMEM supplemented with 10% FBS 

and 1% penicillin-streptomycin at 37ÅãC in 5% CO2 and 95% humidity. Cells were trypsinized 

(using a 0.05% solution of trypsin) regularly for passage when 70-90% confluence was reached. 

For our experiments, cells were cultured to reach confluence before treatment with vehicle or 

different types of NPs. 

 

Synthesis of Ag-NPs and Au-NPs 

For the synthesis of Ag(s)-NPs, silver nitrate (AgNO3) and for gold NPs (Au-NPs), chloroauric 

acid (HAuCl4) were purchased from Millipore Sigma, USA and was used without further 
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purification. Ag and Au-NPs synthesis were carried out by taking 5 mL of betel leaf broth (Piper 

betle L.) and adding 90 mL of 1 × 10−3 M aqueous AgNO3 and HAuCl4 solutions individually at 

room temperature, followed by exposing the reaction mixtures to direct sunlight irradiation at 

Chapman University School of Pharmacy, CA, USA (latitude 33°N) in June 2019 from the time 

period between 11:00 a.m. and 2:00 p.m. under clear sky conditions with different time periods 

ranging from 5 min to 1 h. The Ag and Au-NPs colloidal solutions thus obtained were purified by 

repeated centrifugation (by using a Thermofisher ultra microcentrifuge) at 20,000 rpm for 10 min 

followed by redispersion of the pellets of Ag and Au- NPs into 20 mL of ultrapure water. To further 

purify the NPs, the centrifuging and redispersion process was repeated for five times. The bio-

reduction of the Ag and Au ions in solutions were monitored by periodic sampling of aliquots of 

the reaction mixtures and measuring the UV–vis spectrum of the solutions individually. Silver NPs 

(no-shell) were also synthesized by chemical methods in order to compare with silver (core-shell 

NPs). Briefly, Ag NPs (no-shell) were prepared by reducing 180 mL of AgNO3 (1×10-3 M) using 

20 mL of NaBH4 (0.04 mg/mL). The loose dark pellet was collected from chemically synthesizing 

Ag NPs through centrifugation at 20,000 rpm at 26 °C for 20 min in a Thermo ultra-

microcentrifuge. The chemically synthesized Ag NPs were further purified by the centrifuging and 

redispersion process was repeated for three times.  

 

UV-VIS Spectrum Detection 
  
Spectrophotometer (SpectraMax M5 Microplate Reader) was used to read the ultraviolet-visible 

(UV-VIS). The UV-VIS wavelength of Ag-NP and Au-NP clusters were read at concentrations of 

0.025, 0.05, 0.125, 0.25, 0.375, 0.5 mg/mL diluted in deionized water, which was filtered through 
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Milli-Q (MilliporeSigma, Burlington, MA). The wavelength range of 200-800 nm was used to 

read the UV spectrum for all the chemicals.  

 
Cell Treatment 

Cells were seeded on sterilized 22x22 mm coverslip (Globe Scientific), in 6 wells plate (Greiner 

bio-one Cellstar, the total volume of 2 mL at each well) under normal growth conditions until 

reached 70-80% confluency. The cells then incubated with 100 μL of the selected chemical at 

different concentrations of NPs for 18 hrs. Then, the cells washed three times by PBS, fixed the 

cells for 10 min in fixing solution (2.5 mL PFA, 7.5 mL PBS and 0.2 g sucrose) at room 

temperature. Afterward, the coverslip was placed on the slide that contains 25 μL of Mounting 

Media overnight at room temperature.  

 

Spectral Imaging 
 
Spectral imaging instrument (Applied Spectral Imaging’s GenASIsTM Hyperspectral Imaging 

System) and Olympus microscope (Model BX61) were used in this research. Images were 

manually acquired with 60X magnification objective. Xenon arc lamp was used as our light source 

in transmission mode through the sample. Contrast was produced through the absorption of light 

in dense areas of the sample. Ag-NPs and Au-NPs cluster wavelengths were identified by utilizing 

the brightfield filter. Optical Density (OD) spectra were extracted and used to view and classify 

spectra. 

Our system used a previously described standard microscopy set-up (Alshammari et al., 2021). 

This set-up was widely available in most laboratories. Hyperspectral system was based on a Sagnac 

interferometer. The beam splitter split the light originating from the selected area in the sample 

into two beams. A set of mirrors led the beams down two paths of various lengths. At the end of 
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the paths, the two beams are combined and superimposed on the sensor. The total intensity of these 

two superimposed beams at each point of the sensor is a function of the spectrum of this point on 

the sample and the difference in the distance between the two paths. This difference is called the 

Optical Path Difference (OPD). The intensity of the merged beams is captured by a Charged-

Coupled Device (CCD) camera. Each measurement is called a frame, which is a gray level image 

measured by the CCD camera. To extract a hyperspectral image a set of frames are acquired, each 

corresponds to slightly different OPD. This process arose simultaneously for all pixels in the 

image. The vector of intensities at each pixel, collected from the set of images with shifted OPD’s, 

is called an interferogram. The Hyperspectral image is derived by Fourier Transformation of the 

interferograms of all pixels. 

For each NP type, we defined wavelengths, which represent areas that we selected within the image 

in order to compare their spectra and to build a spectral library after background subtraction. For 

instance, inside the chemical image, to compare the chemical substance spectrum with the 

background spectrum, we defined wavelengths in the area that contained NP clusters, and in the 

area that contains nothing (background). This background wavelength also represented an empty 

cover treated the same way but without the addition of NPs. We then displayed the two spectra 

(NPs and background). The NP spectra were obtained by subtracting the background spectra. After 

that, we saved these NP spectra in libraries for further cell analysis. At least 10 images were 

captured randomly from the cells that were treated with NPs. Afterward, we analyzed the captured 

images by using spectral libraries of the NPs and scanned all the areas to obtain the location that 

only matched with the NP libraries. For the Ag-NPs and Au-NPs samples, we used the brightfield 

SUN analysis (within the SpectraView software, Applied Spectral Imaging), which performs 

Spectral UNmixing, separating an image into layers that corresponded to the absorption spectra 
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(libraries). This led us to quantify the amount and pinpoint the location of material according to its 

absorption spectra.  

 
Time-lapse imaging 
 
LLCPK cells were grown on six wells plate and treated with 0.1 mg NPs in 2 mL media. Living 

cells were imaged using a SI system, every 20 minutes for 8 hrs.  

 

Transmission Electron Microscopy 
 
The cells were treated with Ag-NPs and Au-NPs and incubated for 18 hours. Afterward, the cells 

were washed three times for 5 minutes with PBS. Then, the cells were trypsinized and fixed for 60 

min in primary fixation (2% paraformaldehyde and 2.5% glutaraldehyde in 1% PBS buffer) at 

room temperature, followed by three washing with PBS. The resulting samples were postfixed 

with 1% osmium tetroxide for 60 min, followed by three-time washing with buffer and three-time 

washing with water. Afterward, the cells were dehydrated in a series of alcohol, then embedded in 

epoxy resin. Ultrathin sections of 120 nm were then stained with uranyl acetate and lead citrate 

and observed by TEM. The slices were examined under a JEM-2100F transmission microscope 

(JEOL) and the images were recorded on Gatan Oneview CCD as an image montage with the aid 

of SerialEM software. For TEM image, the microscope was operated at 200kV, and the images 

were taken at a minimum magnification of 10,000.  

 

Animal Studies 
 
All animal procedures were performed according to Chapman University Animal Care and Use 

Committee Guidelines. A total of four groups of mice were injected intravenously with saline 

solution (vehicle control), Ag(s)-NPs, Ag-NPs or Au-NPs for a total treatment time of 24 hours. 
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The total NPs were injected at 1 mg/kg in 45-days old wild-type C57BL6 Black with averaged 

body weight of 27.5± 2.8 g. Both male and female mice were used and randomly selected for the 

treatments. Then, the mice were euthanized to collect liver, kidney, liver, heart, and spleen. Tissues 

were taken for SI or ICP-MS analyses.  

 

Sample preparation prior to ICP-MS measurement 

0.1 g of tissue (liver, kidney, heart, and spleen) weighed and added into 5 mL a mixture of 

concentrated nitric acid (HNO3) and hydrochloric acid (HCl) (4:1) in digestion vessels. All the 

vessels were immediately shaken by hand and covered overnight for pre-dissolution. Afterward, 

the vessels were placed in oil and heated to about 100 °C for around 3 hours. The Au samples were 

diluted with 1% (v/v) HNO3 and 1% (v/v) HCl; and the Ag and Ag (s) samples with 1% HNO3.  

 

Measurement with ICP-MS 

All prepared standards and tissue samples were measured by the ICP-MS system (Thermo 

Scientific iCAP RQ ICP-MS). Quantification was carried out within elements (100-0.5 ppb) 

internal standard correction. The main operating conditions for ICP-MS were as follows: the radio 

frequency (RF) power 1550 W; argon gas flow rates for the plasma, auxiliary, and nebulizer flow 

were 14 L min-1, 0.8 L min-1, and 1.07 L min-1, respectively.  

 

Hematoxylin and eosin staining 

The tissue processing of the organs was performed by STP 120 Spin Tissue Processor (Thermo 

Fisher Scientific, USA). The dehydration step was performed by immersing the organs in a series 

of alcohol, 70% for 30 minutes, 80% for 30 minutes, 95% for 45 minutes, and 100% for 45 
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minutes. The clearing step was performed for 1.5 hours by using xylene. The last step of processing 

was the infiltration by paraffin for 1.5 hours. The tissues were then sectioned for H&E staining 

and observed under SI (Table 2).  
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Compound Time 

Xylene  17 min 

100% Ethanol  2 min 

90% Ethanol  1 min 

75% Ethanol  1 min 

Tap water  3 min 

Hematoxylin  3 min 

Tap water  30 sec 3x 

Dip (fast) in acid alcohol (200ml of 70% alcohol + 500 μl of HCl) 

DI water  15 min 

Eosin  2 min 

Tap water  2 min 2x 

90% Ethanol  1 min 

100% Ethanol  1 min 

Xylene  2 min 

Mounting media & coverslip 

 
 
 
 
  

Table 2-1: H&E staining steps 

 



31 

Silver Staining 
 
The distribution and localization of Ag-NPs and Au-NPs in the cell nucleus were validated with a 

silver staining Kit following manufacturer’s protocol (Invitrogen Co., Thermo Fisher Scientific, 

Cat. LC6070). Briefly, after sample fixation, 30 % of ethanol was added to the samples for 10 

minutes. The sensitizing solution was added, followed by 30 % ethanol, 10 minutes each. The 

samples were washed with ultrapure water and incubated in a staining solution for 15 minutes. The 

samples were washed again with ultrapure water for 20-60 seconds and incubated in the 

developing solution for 4-8 minutes. Lastly, stopper solution was added and gently agitated for 10 

minutes, followed by washing with ultrapure water for 10 minutes. The resultant deposits of 

metallic silver around NPs were visualized using the SI system.  

 

Statistics 

Most of our statistical analysis was conducted by using SI software GenASITM SpectraView 

version 7.2.7.34276 and GraphPad Prism software version 8.4.2. Microsoft Excel software version 

16.37 was also used for linear regression analyses to obtain a standard calibration curve and linear 

equation. We used Student t-test to compare 2 groups and ANOVA followed by Tukey’s posthoc 

test to compare 3 or more groups. A minimum of 3 independent studies was performed, and a more 

accurate repeat (N) was indicated in each figure by the dot plots and/or figure legend. Whenever 

possible, our studies were conducted in pairs by including control groups in each experimental 

group. The correlation analyses were performed by using Pearson correlation coefficient test. All 

data were reported as mean ± standard error of mean (SEM). While P<0.05 was considered 

significant, the level of significance was indicated accurately in each graph and figure legend.  
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2.4. Results 

We report here that SI can provide a high temporal and spatial resolution of silver 

NPs with shell (Ag(s)-NPs) or without shell (Ag-NPs), and gold NPs (Au-NPs).  

 

Spectra signatures of Ag(s)-NPs and Ag-NPs were identified with a major peak 

at 420 nm. 

Using a microscope equipped with hyperspectral imaging (GenASIs from Applied Spectral 

Imaging), we imaged and recorded the spectral characteristics of the clusters of Ag(s)-NPs before 

and after incubated with the cells (Fig. 2-1a). We captured the spectral range between 400-800 nm 

for Ag(s) NPs in the present and absent of cells. Ag(s)-NPs had characteristics spectra with a 

distinctive peak at 420 nm (Fig. 2-1b). This peak was consistent with previous study (Fayaz et al., 

2010). While this peak was the main characteristic of Ag(s)-NPs, we also looked at different 

features that could contribute to the characteristic of Ag(s)-NPs. Interestingly, we could generate 

two distinct libraries for Ag(s)-NPs. The peak of Ag(s)-NPs could be distinctively differentiated 

by the additional “shoulder” that only appeared at the peripheral or shell of the NPs. Of note, silver-

polymer coreshell NPs are generally known for their unique optical properties, in which the shell 

of Ag also plays a critical role in protecting the Ag core (Claes et al., 2018), (Ertem et al., 2017). 

The shift in the shoulder peak could therefore be used to differentiate the core and shell of Ag-NPs 

clusters. We quantified the spectral intensities of these peaks before and after 18-hour incubation 

with cells (Fig. 2-1c). As verified with traditional spectrophotometry, the linearity of Ag(s)-NPs 

was observed at the peak of 420 nm (Supp Fig. 1a), indicating that we could predict the singularity 

or number of NPs in each pixel of an image based on the peak intensity of the spectra. 
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Extrapolating from these intensity differences, our data suggested that Ag(s)-NPs tended to 

aggregate more in solution than in the cells (Fig. 2-1d). 

 

To confirm our observation of Ag(s)-NPs, we synthesized the Ag-NPs exclusively without the 

shell. The spectral characteristics of the Ag-NPs before and after incubation with the cells were 

recorded (Fig. 2-2a). Ag-NPs have the same characteristics spectra of Ag(s)-NPs, at ~420 nm, 

except that Ag-NPs spectra revealed without the additional “shoulder” (Fig. 2-2b). We also 

calculated the spectral intensities of these peaks before and after 18-hour incubation with cells 

(Fig. 2-2c). This disclosed the specificity of SI to differentiate between the spectral characteristics 

of different types of silver NPs (Ag-NPs and Ag(s)-NPs). 
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Figure 2-1: Identification of Ag(s)-NPs Spectra 

(a) Brightfield images of the Ag(s)-NPs in the cell-free system (positive control), fixed cells (negative 
control), and 16-hour Ag(s)-NPs-treated cells (Ag(s)-NPs) were captured. The spectral images were 
extracted from the spectra library for the Ag(s)-NPs. Merged images illustrate superimposed brightfield and 
spectral images. The pink spectral image exhibits the core area of the Ag(s)-NPs cluster, while the yellow 
color represents the shell region. (b) The graphs illustrate the wavelength peaks at ~420 nm for the positive 
control and the incubated cells. The pink wavelength displays the intensity of the core area; the yellow 
wavelength shows the shell part (with a small shoulder; insert and arrow). The black color exhibits the 
spectrum of the background area. The negative control spectra were identified based on unmatched spectra 
from our libraries. (c) The bar graphs show the variation of intensity data points at 420 nm. (d) The signal 
intensities were compared among cell-free positive control, non-treated cells negative control, and Ag(s)-
NPs-treated cells.  N=4-5 for each positive and negative controls; N=8 for experimental groups.  ****, 
P<0.0001. 

 



35 

  

Figure 2-2: Identification of Ag-NPs Spectra 

(a) Brightfield images are shown for Ag-NPs in the cell-free system (positive control), fixed cells (negative 
control), and 16-hour Ag-NPs-treated cells. The pseudo-colored spectral images were extracted from the 
spectra library for the Ag-NPs. Merged images exemplify superimposed brightfield and spectral images. 
The pink spectral image exhibits the core area of the Ag-NPs. (b) The graphs demonstrate the wavelength 
peaks of Ag-NPs clusters at ~420 nm for the positive control and the incubated cells. The pink wavelength 
presents the intensity of the core area. The black color displays the spectrum of the background area. The 
negative control spectra were identified based on unmatched spectra from our libraries. (c) The bar graphs 
show the variation of intensity data points at 420 nm. (d) The signal intensities were compared among cell-
free positive control, non-treated cells negative control, and Ag-NPs-treated cells.  N=4-5 for each positive 
and negative controls; N=8 for experimental groups.  ****, P<0.0001. 
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Spectra signature of Au-NPs was identified with a major peak at 552 nm. 

Another inorganic NPs was prepared to further confirm the capabilities of SI to identify a different 

NP, Au-NPs (Fig. 2-3a). Capturing spectra between 400-800 nm revealed that the Au-NPs had a 

unique spectra peak ranged between 520 and 580 nm (Fig. 2-3b), consistent with previous study 

(Haiss et al., 2007). Background spectra without or with cells were captured to differentiate 

spectral intensity at 552 nm peak (Fig. 2-3c). The specific subcellular localization of Au-NPs in 

the cells could be determined by examining the spectral characteristics of each pixel in the image.  

In the fixed cells, after treated with Au-NPs for 18 hours, we could detect individuals or clusters 

of Au-NPs. To independently verify the microscopy spectra, we examined the Au-NPs spectra 

using traditional spectrophotometry (Supp Fig. 1b).  The linearity of Au-NPs was observed at the 

peak of 536 nm, indicating that we could predict the singularity or number of NPs in each pixel of 

an image based on the peak intensity of the spectra.  Extrapolating from these data, our studies 

suggested that Au-NPs tended to disperse more readily in the cells than in solution (Fig. 2-3d).   

Spectral imaging showed dynamics Ag(s)-NP or Au-NP accumulation in the 
cell nucleus. 

Once the spectral signatures for both Ag(s)-NPs and Au-NPs were identified and defined in the 

libraries, analytical software was used to perform spectral identity for each pixel of an image in 

order to identify pixels with spectral resemblance of Ag(s)-NPs or Au-NPs. Background spectral 

could be taken from the non-treated cells (negative control) or different areas within the field of 

view in the image (See Method). This was a powerful method to trace non-fluorescence inorganic 

substances. We thus applied this technique on the time-lapse imaging of cells treated with 0.1 mg 

Ag(s)-NPs in 2 mL cell media (Fig. 2-4a; Supp Fig. 2). 
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Figure 2-3: Identification of Au-NPs Spectra 

(a) Brightfield images are shown for Au-NPs in the cell-free system (positive control), fixed cells (negative 
control), and 16-hour Au-NPs-treated cells. The pseudo-colored spectral images were extracted from the 
spectra libraries for Au-NPs. Merged images show combined brightfield and spectral images. (b) The 
graphs show the wavelength characteristics of the Au-NPs cluster at ~536 nm for the positive control and 
with cell incubation.  Au-NPs graphs were shown after an automatic background subtraction by the software 
(See Method). The blue line displayed the area that contains higher wavelength intensity, and the red 
showed the region with less intensity. The background exhibited as a black color wavelength. The negative 
control graph shows the wavelengths. The negative control spectra were identified based on unmatched 
spectra from our libraries. (c) The bar graphs present the variation of intensity data points of the Au-NPs 
cluster peak of 536 nm. (d) The signal intensities were compared among cell-free positive control, non-
treated cells negative control, and Au-NPs-treated cells.  N=6 for each positive and negative controls; N=24 
for experimental groups.  *, P<0.05; ***, P<0.001. 
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 We observed the continuous accumulation of Ag(s)-NPs in the cells. Our libraries could 

distinctively differentiate the core (pink color) and shell (yellow color) clusters of Ag(s)-NPs. 

Once the pixel identity of Ag(s)-NP signature spectra was identified, we randomly selected a pixel 

to study individual spectra after background subtraction (Fig. 2-4b; Supp Fig. 3). We quantified 

spectra representing NPs in the cytoplasm or nucleus within single cells (Fig. 2-4c). It was apparent 

that our Ag(s)-NPs were dynamically moving in and out of the cells, as depicted in the fluctuation 

in the total NPs in a single cell.  The NPs were also moving in and out of the cell nucleus, as shown 

by the number of NPs in the nucleus at each time point.  In this particular study, cells were also 

moving in or out from our field of view. More Ag(s)-NPs would eventually accumulate in the 

cells. Ag(s)-NPs would subsequently accumulate in the cell nucleus (Supp Fig 2; Supp Fig. 3). 

We next studied time-lapse imaging of Au-NPs in single living cells (Fig. 2-5a; Supp Fig. 4). We 

noted the continuous accumulation of Au-NPs in the cells. Once the pixel resembling Au-NP 

spectral signature was identified, we randomly selected a pixel to study individual spectra after 

background subtraction (Fig. 2-5b; Supp Fig. 5). Through the time-lapse imaging to detect the 

movements of Au-NPs, we could quantify potential NPs in the cytoplasm or nucleus within single 

cells (Fig. 2-5c). It was apparent that Au-NPs were dynamically moving in and out of the cells, as 

indicated by the fluctuation in total NPs in a single cell at a single time point.   
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Figure 2-4: Time-lapse Imaging of Ag(s)-NPs 

(a) Sequential time imaging of cells treated with 0.1 mg of Ag(s)-NPs in 2 mL media was captured for 
about 8 hours. Brightfield images and spectral scans were taken every 20 minutes (Supp Fig. 4).  (b) 
Spectral analysis was performed at the end of 8 hours after subtraction from the background spectra (Supp 
Fig. 5). The Ag(s)-NPs libraries differentiated the core and shell of NP clusters. The pink wavelength 
displays the intensity of the core area; the yellow wavelength shows the shell part (with a small shoulder; 
insert and arrow). (c) Line graphs illustrate the time-lapse analysis from 5 independent experiments.  A 
number of Ag-NPs (#NPs) was measured in one cell at each time point.  Total #NPs were calculated from 
localization NPs in the cytoplasm (outside the nucleus) and nucleoplasm (inside the nucleus) within a cell. 
Comparisons were made at the beginning (1 min) and end (460 min) of the 8-hour experiments. N=5. *, 
P<0.05; **, P<0.01; ***, P<0.001. 
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Similarly, NPs were in and out of the cell nucleus as depicted by the number of NPs in the nucleus 

at each time point. As time passed, more NPs accumulated in the cells, but this accumulation was 

started from the cytoplasm and followed by the nucleus. It was evident that Au-NPs preferentially 

localized in the cell nucleus (Supp Fig. 4; Supp Fig. 5). While both Au-NPs and Ag(s)-NPs are 

largely known to localize in the nucleus (Berbeco et al., 2012), (Asharani et al., 2009), we showed 

for the first time the dynamics movements of Au-NPs and Ag-NPs in cytosol and nucleus (Supp 

Fig. 2; Supp Fig. 4).  

Electron microscopy and silver-staining were used to verify the spectral 

imaging approach. 

To verify our subcellular localization findings of NPs in time-lapse imaging studies, we performed 

transmission electron microscopy (TEM) and silver staining analyses. The TEM captured images 

cells treated with Ag(s)-NPs, Ag-NPs, and Au-NPs for 16 hours (Fig. 2-6a; Fig. 2-7a). While we 

were not able to capture the dynamics of these NPs due to the sample fixation, the TEM studies 

confirmed the accumulation of NPs in the cell nucleus. Likewise, the localization of NPs was 

confirmed to be mostly in the nucleus of cells using a silver staining to generate darker brown 

contrast in phase images (Fig 2-6b; Fig. 2-7b).  Because the contrast was primarily enhanced by 

metallic silver attached at the peripheral of the NPs, the spectral signatures within the NPs were 

not much altered (Fig 2-6c; Fig. 2-7c).   
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Figure 2-5: Time-lapse Imaging of Au-NPs 

(a) Sequential time imaging of cells treated with Au-NPs was captured for about 8 hours. Brightfield image 
and spectral scan were taken at every 20 minutes (Supp Fig. 7).  (b) Spectral analysis was performed at 
the end of 8 hours after subtraction from the background spectra (Supp Fig. 8). (c) Line graphs illustrate 
the time-lapse analysis from 5 independent experiments.  Number of Au-NPs (#NPs) was measured in one 
cell at each time point.  Total #NPs were calculated from localization NPs in cytoplasm (outside nucleus) 
and nucleoplasm (inside nucleus) within a cell. Comparisons were done at the beginning (1 min) and end 
(460 min) of the 8-hour experiments. N=5.  **, P<0.01; ****, P<0.0001. 
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Figure 2-6: TEM & Silver Staining of Ag(s)-NPs and Ag-NPs 

(a) TEM analyses were performed after treatment of Ag(s)-NPs or Ag-NPs for 16 hours.  An embossing 
filter was applied in some regions of cell nucleus for better clarity of the presence of NPs (insert with 
arrows). (b) Cells after silver staining show brightfield images of the Ag(s)-NPs and Ag-NPs treated cells 
for 16 hours. The spectral images were extracted and pseudo-colored for the Ag(s)/Ag-NPs. Merged images 
revealed superimposed brightfield and spectral images to show the location of Ag(s)/Ag-NPs in the cell 
nucleus. The pink pseudocolor shows the core area of the Ag(s)/Ag-NPs, while the yellow color represents 
the shell region of Ag(s)-NPs. (c) The spectral graphs clarify the wavelength peaks of Ag(s)/Ag-NPs at 
~420 nm. The pink wavelength exhibits the intensity of the core area; the yellow wavelength displays the 
shell region. The black color shows the spectrum of the background area. N=5.  

 



43 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

Figure 2-7: TEM & Silver Staining of AuNPs 

(a) TEM analyses were performed after treatment of saline (control) or Au-NPs for 16 hours.  An embossing 
filter was applied in some regions of cell nucleus for better clarity of the presence of NPs (insert with 
arrows). (b) Brightfield images of the silver stained non-treated (control) or 16 hours Au-NPs treated cells. 
The spectral images were extracted and pseudo-colored for the Au-NPs. Merged images revealed 
superimposed brightfield and spectral images to show the location of Au-NPs in the cell nucleus. (c) The 
spectral graphs clarify the wavelength peaks of Au-NPs at ~550 nm. N=5 
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Verification of spectral imaging approach was performed in vivo using ICP-

MS. 

We next assessed the practicality of SI to study the distribution of the NPs within mouse organ 

tissues. Remarkably, we found that distributions of the Ag(s)-NPs, Ag-NPs and Au-NPs in kidney, 

spleen, liver and heart tissues (Fig. 2-8a, Figs. 2-9&2-10).  Importantly, the spectral characteristics 

of the core and shells of Ag(s)-NPs were not altered (Fig. 2-8b,c).  Based on our quantitative 

analyses, we showed that Ag(s)-NPs and Ag-NPs were distributed highly in kidney and spleen, 

respectively (Fig. 2-11a).  On the other hand, Au-NPs were in the liver (Fig. 2-12a). As a 

validation of the NPs distribution within the organs, we conducted ICP-MS analyses.  Of note, 

ICP-MS method and its standard curve did not differentiate between Ag(s)-NPs and Ag-NPs (Fig. 

2-12b).  We performed separate analyses of those tissues for Ag(s)-NPs, Ag-NPs or Au-NPs (Fig. 

2-11b, Fig. 2-12c). We next examined the correlation analyses of the NPs distribution. We found 

a significant correlation in Ag(s)-NPs and Ag-NPs distributions in SI and ICP-MS among the 

tissues (Fig. 2-11c).  Likewise, a similar correlation was observed in Au-NPs (Fig. 2-12d), 

indicating a consistency between SI and ICP-MS approaches. 
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Figure 2-8: Distribution of Ag(s)-NPs in Animal Tissues 

(a) Brightfield images of the Ag(s)-NPs at different organs tissues (liver, heart, spleen kidney) after 
intravenous injection with Ag(s)-NPs for 24 hours are shown. The spectral images were extracted from the 
spectra libraries for Ag(s)-NPs. Merged images display combined brightfield and spectral images. (b) The 
pink pseudo-colored images show the core area of the Ag(s)-NPs, while the yellow color exemplifies the shell 
region. (c) The graphs reveal the wavelength characteristics of the Ag(s)-NPs cluster at ~420 nm. The pink 
wavelength exhibits the intensity of the core area; the yellow wavelength displays the shell part. The 
background is shown as a black color wavelength. N=5.  
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Figure 2-9: Distribution of AgNPs in Animal Tissues 

(a) Brightfield images of the Ag-NPs in different organs tissues (liver, heart, spleen kidney) after 
intravenous injection of Ag-NPs for 24 hours. The spectral images were extracted from the spectra 
libraries for Ag-NPs. Merged images display combined brightfield and spectral images. (b) The Ag-NPs 
were shown in the pink pseudo-colored images. (c) The graphs reveal the wavelength characteristics of 
the Ag-NPs cluster at ~420 nm. The pink wavelength exhibits the intensity of the core area; the yellow 
wavelength displays the shell part. The background is shown as a black color wavelength. N=5.  
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Figure 2-10: Distribution of AuNPs in Animal Tissues  

(a) Brightfield images of the Au-NPs in different organs tissues (liver, heart, spleen kidney) after 
intravenous injection of Au-NPs for 24 hours.  The spectral images were extracted from the spectra libraries 
for Au-NPs. Merged images display combined brightfield and spectral images. (b) The graphs reveal the 
wavelength characteristics of the Au-NPs at ~550 nm. The blue wavelength exhibits Au-NPs. The 
background is shown as a black color wavelength. N=5. 
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  Figure 2-11: Correlation analysis of Ag(s)-NP and Ag-NP distributions in the tissues 
using spectral imaging and ICP-MS  

The bar graphs exhibit the distributions of Ag(s)-NPs and Ag-NPs in liver, heart, spleen, kidney, 
which were done performed using spectral imaging (a) or ICP-MS (b).  (c) The correlation 
analysis of the distribution of Ag(s)-NPs and Ag-NPs in different organs between ICP-MS and 
spectral imaging is shown.  N = 5 for each group and organs. 
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Figure 2-12: Correlation analysis of AuNP distributions in the tissues using spectral imaging and 
ICP-MS 

(a) Tissue distribution of Au-NPs by spectral imaging is summarized in the bar graph. (b) Representative 
standard curves for ICP-MS are shown for Ag(s)-NPs and Au-NPs (0.5 to 100 ppb). (c) Tissue distribution 
of Au-NPs by ICP-MS is summarized in the bar graph. (d) The correlation analysis of the distribution of 
Au-NPs in different organs between ICP-MS and spectral imaging was performed.  N=5 for each group. 
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2.5 Discussion 

The significance of the use of SI in our studies are as follows.  First, we were able to identify and 

quantify the presence of NPs without the need to destruct or liquify the samples.  This allowed us 

to perform live-cell imaging that was otherwise not possible.  Second, we could calibrate the 

spectra library by using both imaging and the singularity/plurality of spectra “signature” of a 

chemical.  In Ag(s)-NPs, for example, we could pick up the plurality of spectra at the 420 nm, i.e., 

peak with or without a shoulder. Looking at the images, we showed that the peaks without shoulder 

were always at the center of NPs, whereas the peaks with a shoulder were localized at the 

peripheral. Third, we did not need to label our NPs with fluorescent.  Labeling NPs required an 

additional step in the synthesis process, making the process more expensive and laborious. Labeled 

NPs could also alter the molecular functions and characteristics of NPs (Snipstad et al., 2017), 

(Tenuta et al., 2011a), (Corbo et al., 2016). Fourth, SI was also applicable to fluorescent or auto-

fluorescent molecules.  Using SI, we were able to perform fluorescent molecules fairly easily based 

mainly on its predominant fluorescence spectra (data not shown) (Alshammari et al., 2021). Note 

that the spectral identities might be different between non-labeled and fluorescent-labeled NPs. A 

fluorescence microscopy might be more practical to detect the fluorescent-labeled NPs.  Fifth, the 

SI approach was a simple yet inexpensive method for unlabeled NPs, resolution of which was 

depended on the quality of lens and camera from standard optical microscopes. Unlike laser-based 

microscopic devices, such as Raman spectroscopy, SI systems could be installed on upright or 

inverted microscopes that were readily available in many research laboratories. 
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Using SI, we were able to observe the dynamic uptake, movement, and distribution of different 

types of free-labeled NPs in single cell. Conducting the live imaging technique with scanning the 

spectra from 400-800 nm, we were able to instigate the behaviors of the NPs in single cell, in 

which the NPs were eventually accumulate in the cell nucleus. The SI was validated by both TEM 

and silver staining studies, although TEM and silver staining techniques did not provide live-

dynamics nature of NPs due to the requirement for cell fixation. In addition, we were able to study 

the distribution of NPs among tissue using the SI. We found that Ag(s)-NPs and Ag-NPs were 

primarily localized in kidney and spleen, respectively. On the other hand, Au-NPs were distributed 

primarily in the liver. Of note, these tissues could be easily visualized with a standard H&E 

staining, allowing easier sample preparation relative to the ICP-MS approach.  Importantly, the SI 

was confirmed by the conventional ICP-MS technique with regards to tissue distribution analyses. 

A few label-free methods have been produced for observing NPs in live cells. For examples, 

transitory absorption microscopy has been utilized to capture carbon nanotubes in cells, and 

scatter-enhanced phase-contrast microscopy has been utilized to assess the intracellular behavior 

of unlabeled silicon nanowires (Zimmerman et al., 2016b), (Tong et al., 2011). Other approaches 

such as hyperspectral stimulated Raman scattering microscopy (B. Huang et al., 2018b), optical 

diffraction tomography (D. Kim et al., 2018b), and dark-filed microscopy (Gibbs-Flournoy et al., 

2011), have been utilized to investigate unlabeled NPs inside cells. However, using current 

technology to track unlabeled NPs in live cells in real-time with reliable spatial resolution remains 

a challenge. Besides, it is necessary to monitor both NPs and biomolecules to fully comprehend 

the interaction between NPs and cells/tissues. To the best of our knowledge, no technique has 

utilized a broader band of spectra 400-800 for real-time imaging in label-free NPs. The broader 
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spectra is required to extract more precise characteristics of a single molecule (Alshammari et al., 

2021). Specifically, this approach provides a more specific fingerprinting for each NPs.  

2.6 Conclusion  

In summary, the combination of spectroscopy and imaging provide high-resolution spatial and 

temporal information of spectra characteristics in each pixel. This approach could serve as a 

valuable technique to understand distribution, dynamic movement, and behavior of NPs used in 

biomedical research and clinical medicine. 
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Chapter 3: Identification of Organics Metabolite  
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to study drug distribution and metabolism in single living cells. Scientific Reports, 11(1), 
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3.1 Abstract  

During drug development, evaluation of drug and its metabolite is an essential process to 

understand drug activity, stability, toxicity and distribution. Liquid chromatography (LC) coupled 

with mass spectrometry (MS) has become the standard analytical tool for screening and identifying 

drug metabolites. Unlike LC/MS approach requiring liquifying the biological samples, we showed 

that SI (or spectral microscopy) could provide high‐resolution images of dox and its metabolite 

dox’ol in single living cells. Using this new method, we performed measurements without 

destroying the biological samples. We calculated the rate constant of dox translocating from 

extracellular moiety into the cell and the metabolism rate of dox to dox’ol in living cells. The 

https://doi.org/10.1038/s41598-021-81817-0
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translocation rate of dox into a single cell for spectral microscopy and LC/MS approaches was 

similar (~ 1.5 pM min−1 cell−1). When compared to spectral microscopy, the metabolism rate of 

dox was underestimated for about every 500 cells using LC/MS. The microscopy approach further 

showed that dox and dox’ol translocated to the nucleus at different rates of 0.8 and 0.3 pM min−1, 

respectively. LC/ MS is not a practical approach to determine drug translocation from cytosol to 

nucleus. Using various methods, we confirmed that when combined with a high‐resolution 

imaging, spectral characteristics of a molecule could be used as a powerful approach to analyze 

drug metabolism. We propose that spectral microscopy is a new method to study drug localization, 

translocation, transformation and identification with a resolution at a single cell level, while 

LC/MS is more appropriate for drug screening at an organ or tissue level. 

3.2  Introduction 

A standard imaging gives the intensity at each pixel of the image, and a conventional spectrometer 

provides spectral information of chemical substances. SI merges these two elements by providing 

an intensity and spectral information for each pixel of an image (Garini et al., 2006). Spectral 

information from images has been used to distinguish physiological changes and disease states 

from tissue samples from various organs (Li et al., 2013). However, SI is yet to be confirmed for 

use in drug development. While SI might provide a variety of image information as seen in Raman 

or fluorescence microscopy technique, we here focused on the use of the spectral microscopy that 

uses the absorption and emission spectral information. 

The SI system was first introduced by NASA and the remote earth sensing community for 

monitoring temperature change and weather pattern. The SI has since been used for utilizing in 

academic and biomedical applications. SI has been broadly developed as a useful quantitative 



60 

technique in biomedical research. For example, it has been proposed for the in vivo melanoma 

detection based on color dispersal and morphology of the lesions (Tomatis et al., 2005), 

determination of the blood–brain barrier opening process for drug release (Feng et al., 2019), 

examination of autophagy and apoptosis regions (Dolloff et al., 2011) and differential observation 

of vascular tissues from non-vascular regions of skin (Tumeh et al., 2007). In addition, SI is also 

used to monitor the dynamic alterations of the tumor vasculature in living animals (Mayes et al., 

2008) and visualize drugs absorption delivered through topical application (Saar et al., 2011). Such 

approaches with unique spectral characteristics of molecules can provide detailed information with 

a high spatial and temporal resolution. 

Drug metabolite identification can enhance our understanding of pharmacological response to 

improve lead compounds, distinguish new biochemical substances and reduce drug 

toxicity/interaction (Z. Zhang et al., 2009). Quadrupole time- of-flight (QTOF) liquid 

chromatography and mass spectrometry (LC/MS) are commonly used to identify drug metabolites. 

These methods provide distinguishable quantitation between parental drug and its metabolites, 

based on their mass-to-charge ratio (m/z). The matrix-assisted laser desorption ionization time-of-

flight mass spectrometry (MALDI-TOF/MS) is another analytical system of identification and 

characterization based on the fast and precise evaluation of the mass of molecules. However, the 

major drawback of these approaches is that they will destroy the biological samples. Besides, none 

of these techniques allows subcellular localization of the organic substances in the biological 

samples without the use of labeling (X. Liu & Jia, 2007). 

dox is one of the anthracycline molecules. It is one of the most effective and prescribed anti- cancer 

drug. The anticancer action of dox depends mostly on its direct interaction with nucleic acids, 



61 

leading to DNA damage and inhibition of DNA synthesis (Minotti et al., 2004). In general, dox is 

used in the medical treatment for breast cancer, leukemia, lymphomas, and sarcomas (Damiani et 

al., 2016). However, due to its potential metabolite, the use of dox has resulted in various side 

effects. 

Evaluation of drug and its metabolite requires either labeling the drug molecule or liquifying the 

biological sample, despite the fact that such labeling is not stable and can alter the functionality of 

the molecules (Garini et al., 2006), (Rubakhin et al., 2011), (Tenuta et al., 2011b). In our current 

study, we chose non-labelled dox as our experimental drug due to its known spectral characteristic 

at 592 nm (Agudelo et al., 2014). We measured the spectrum at the range of 500 nm to 750 nm 

with a single triple band filter called “SKY” to detect the dox level in the samples. We also 

characterized dox metabolite, non-labelled dox’ol (Schaupp et al., 2015). Rhodamine 6G was also 

used to confirm our findings on dox, because rhodamine shares very similar emission spectra with 

dox. Our spectral microscopy data were confirmed and compared with the standard QTOF-LC/MS 

method. While both methods were corresponded to each other, we also found that the spectral 

microscopy had a better advantage to study cellular compartmentalization of small molecules. 

3.3 Materials and Methods  

Materials 

Doxorubicin hydrochloride (MW: 579.98 g/mol, lot# Q5L8K -FB) was purchased from TCI 

America; doxorubicinol (hydrochloride; MW: 582 g/mol, lot# 22386) from Cayman Chemical 

Company anhydrous methanol HPLC grade (≥ 99.8%, lot# SHBG6650V), acetonitrile HPLC 

grade (≥ 99.9) and rhodamine 6G (MW: 479.01 g/mol, lot# BCBP8335V) were obtained from 
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Sigma Aldrich (St. Louis, MO); trifluoroacetic Acid (TFA) from EMD Millipore Corporation; 

formic acid (lot# 2595C389) and sucrose from Fisher Scientific (Fair Lawn, NJ); LL-CPK1 

(ATCC; CL101.1TM) porcine renal epithelial cells from proximal tubule were obtained from 

American Type Culture Collection (ATCC; Manassas, VA). Trypsin, penicillin-streptomycin 

solution (lot# 04619001), Dulbecco’s Modified Eagle Medium (DMEM) (lot# 20818006), and 

phosphate-buffered saline (PBS) (lot# 05319001) were purchased from Corning (Manassas, VA). 

Fetal bovine serum (FBS) was obtained from Seradigm (Logan, UT); Mounting Media 

HistoChoice from Amresco; and, Lysis buffer from Thermo scientific (Rockford, IL), 

paraformaldehyde (PFA) from Electron Microscopy Services (Hatfield, PA); and protease 

inhibitor cocktail from Complete (Mannheim, Germany).  

Cell culture 

At 37 °C, 5 % CO2, and 95 percent humidity, LL-CPK1 cells were grown to a confluent monolayer 

in DMEM supplemented with 10% FBS and 1% penicillin–streptomycin. When cells achieved 

70–90 percent confluence, they were trypsinized (using a 0.05 percent solution of trypsin) on a 

regular basis for passage. Cells were grown to confluency before being treated with drugs (dox, 

dox'ol, or rhodamine) in our investigations. 

UV–VIS and fluorescence spectrum detection 

The ultraviolet-visible (UV–VIS) and fluorescence spectra for dox and rhodamine 6G were read 

using a spectrophotometer (SpectraMax M5 Microplate Reader). All compounds were prepared in 

methanol at various concentrations of 0.1, 0.25, 0.5, 0.75, and 1 M. All of the compounds' UV 
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spectrums were scanned using a wavelength range of 200–800 nm. For dox and rhodamine, the 

fluorescence spectrum ranged from 400 to 800 nm. 

Detection and quantification of mass spectrometry and UV–VIS HPLC  

To validate that extra peak in dox (520 nm) representing the metabolite species of dox (dox’ol), 

different concentrations of the pure dox’ol (0.5, 0.8, 1, 10 and 50 μM) and a mixture of pure dox 

and dox’ol (80 and 20%, respectively) prepared for confirmation with the mass spectra by 

Quadrupole Time-of-Flight (QTOF) Liquid chromatography-mass spectrometry (LC-MS) system 

(Bruker Impact II and Ultimate 3000 UPLC (Dionex)).  

Cell treatment  

Under normal growth conditions, cells were seeded into sterile 22×22 mm coverslips (Globe 

Scientific) in a 6 well plate (Greiner bio-one Cellstar®, total volume of 2 mL at each well) until 

they reached 70–80 percent confluency. The cells were then given 100 µL of dox'ol, with 

concentrations ranging from 0.1 to 50 mM. The cells were then rinsed three times in PBS and fixed 

for 10 minutes at room temperature in a fixing solution (2.5 mL PFA, 7.5 mL PBS, and 0.2 g 

sucrose). The coverslip was then placed on the slide, which held 25 µL of mounting material, and 

left at room temperature overnight. 

Spectral imaging (spectral microscopy) 

 SI instrument (ASI Spectral Imaging System) and Olympus microscope (Model BX61) were used. 

Manual image acquisition conducted with 60X magnification fields. Xenon arc lamp was used as 

our light source. Spectral filter (SKY) used to identify the wavelengths of the pure dox, dox’ol and 
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rhodamine 6G. SKY filter produced a spectrum that had a background-subtracted spectral type. 

Each chemical was measured for its spectral characteristic, also known as spectral signature. After 

the spectrum of the background was subtracted, it was saved in a spectral library. The library was 

later on used for various spectral analysis tasks. For instance, to compare the dox spectrum with 

the background spectrum, we defined markers in the area that contained the chemical substance 

(dox) and in the area that did not have dox (background). Spectrum was collected from 400 to 800 

nm with a step size of 20 nm. We subsequently displayed the two spectra (dox and background). 

The dox spectra were acquired by subtracting the background spectra. After that, we uploaded 

these spectra as libraries for further cell analysis. Subsequently, images of the cells that were 

treated with the chemicals were captured randomly by using SKY and brightfield filters. At least 

10 field of views were captured per each concentration sample that was prepared. Afterward, we 

analyzed the images by using the spectral libraries of the chemicals and scanned all the areas to 

obtain the location that only matched within the chemical library. For dox, rhodamine, and dox’ol 

samples, we used SUN analysis (within the Spec- traView software, Applied Spectral Imaging), 

performed Spectral UNmixing, divided a set of images into layers that matched to the original 

spectra (libraries). This allowed us to quantify the amount and identify the location of the material 

according to its original spectra. 

Our system used a standard microscopy set-up (Fig. 3-1). This set-up was widely available in most 

laboratories. The use of sagnac interferometer was also very common. The beam splitter split the 

light originating from the selected area in the sample into two beams. A set of mirrors led the 

beams down two paths of various lengths. At the end of the paths, the two beams combined. At 

the point when the two beams merged, they were super- imposed. The total intensity of these two 

superimposed beams was a function of the variance in the distance between the two paths. This 
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path variance was called the Optical Path Difference (OPD). The intensity of the merged beam 

was then captured by the Charged-Coupled Device (CCD) camera. Each measurement was called 

a frame, which was a simple gray level image measured by the CCD camera. Many frames were 

acquired, using different OPDs in each pixel to build a spectral image. At each OPD, this process 

arose simultaneously for each pixel in the image. At each pixel, all the frames acquired for that 

pixel were used to build an interferogram. An interferogram was an illustration of the light 

intensity, which might vary with each altering OPD. Each pixel’s interferogram was transformed 

into that pixel’s spectrum. The interferograms of all the pixels taken together permitted the 

rebuilding of the entire image’s spectrum. Fourier transformation allowed us to convert the inter- 

ferogram from each pixel into a pixel’s spectrum. Through merging Fourier transformation with 

spectroscopy, we were able to further analyze the spectra of microscopic samples. 
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Time‐lapse imaging 

LLCPK cells were grown in six-well plate and treated with 1 nM for dox or 0.01 nM rhodamine. 

Cells were captured directly (without fixation) using brightfield and SI every 20 min for 8 h. 

 

 

Figure 3-1: Diagram of the spectral microscopy set-up.  
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Cell Lysate  

To validate that extra peak in dox (520 nm) representing the metabolite species of dox (dox’ol), 

different concentrations of the pure dox’ol (0.5, 0.8, 1, 10 and 50 μM) and a mixture of pure dox 

and dox’ol (80 and 20%, respectively) prepared to check the mass spectra by QTOF. In a different 

experiment, cells were treated with 2 μM of dox and dox’ol separately at different incubation times 

(18, 26, 42 h). Then, cells were washed using PBS by keeping the plates on the ice for all the steps. 

After that, 200 mL of lysis buffer supplemented with protease inhibitor cocktail were added to the 

cells; the cells were isolated by using a cell scraper (VWR; Radnor, PA) and transferred the lysate 

to a 5 mL Eppendorf. Afterward, the cells were centrifuged at 14,000×g for 10 min at 4 °C. Finally, 

the supernatant was collected by avoiding the pellet and put into new vials for QTOF analysis. 

Metabolite identification  

The major metabolite of dox is dox’ol, and alcohol metabolite is the primary metabolic route of 

dox metabolism to dox’ol (Schaupp et al., 2015), (Boucek et al., 1987), (X. Wang et al., 2019). 

Two-electrons of a side chain of the C-13 carbonyl group (Fig. 3-2) were reduced by aldo–keto 

reductase (AKR) and short-chain dehydrogenase/reductase (Zeng et al., 2019), (Salvatorelli et al., 

2017). To confirm the peak at 520 nm was belonged to dox’ol, cells were treated with 100 μL 

dox’ol at different concentrations (0.1, 1, 10, 50 μM) with a total volume of 2 mL for 18 h. Then, 

cells were washed three times with PBS and fixed for 10 min in fixing solution at room 

temperature. After that, cells were mounted with 25 μL of Mounting Media overnight at room 

temperature. Finally, SI was used for further analysis by using the same approach of dox (manual 

image acquisition with 60X magnification fields, use SKY and bright-field filters, at least 10 

capturing for each concentration). 
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Subcellular drug distribution 

After capturing the brightfield image and spectral information of the cells, we analyzed the image 

using the spectral (or wavelength) library. We made boundaries for the nucleus as our region of 

interest (ROI) from the brightfield image (Supp Fig. S12). Because the cells were fully confluent, 

anything outside the ROI was considered cytoplasm. Please note that the spectral information 

initially contained no image; it only contained absorption/emission information, similar to a 

standard spectrophotometer. However, the spectral information containing dox-specific spectral 

could be extracted and converted to an image. The positive control provided information of dox-

specific spectral, which had been stored in the library (after back- ground subtraction). We could 

recall the spectral that resembled the spectra library (i.e. dox-specific spectra). These spectra were 

projected as a pseudocolored image. Thus, each pixel of the image contained its own spec- tra 

Figure 3-2: Diagram of Dox Converted to Dox’ol at the Side Chain of the C-13 Carbonyl Group. 
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information; in this case, the information was the dox-specific spectra. The pseudocolored image 

obtained and processed from the spectra information was then transferred to the brightfield image 

(containing ROI for nuclei). The superimposed pseudocolored and brightfield image was saved 

and labeled as a “merged” image. Thus, in the merged image we could obtain both ROI and 

spectral identity of dox to distinguish dox localization in nucleoplasm or cytoplasm. 

Image and statistical analyses 

Most of our image and statistical analyses were conducted by using SI software (GenASIs) version 

7.2.7.34276 and GraphPad Prism software version 8. Microsoft Excel software version 16 was 

also used for linear regression analysis to obtain a standard calibration curve and linear equation. 

Comparisons between two groups were analyzed with two-tailed Student t-tests. Drawing of 

computer setup (Fig. 3-1) was made using Microsoft PowerPoint software version 16. ChemDraw 

version 18 was used to draw the chemical structures (Fig. 3-2). The spectral microscopy workflow 

(Supp Fig. S12) was self-created from the paid-online subscription at BioRender (Invoice 

#CEE5813A-0003; Receipt #2338-5420). 

The intracellular distribution of dox was calculated from data collected at different time points. 

Unlike LC/ MS approach where different samples were used at each time point, SI allowed us to 

use a single same sample for multiple time points. We obtained the rate constant (k1) of dox influx 

into a cell using SI approach (or cell lysate for LC/MS approach). Because one molecule of dox is 

converted to one molecule of dox’ol, the k1 was calculated from the slope of total dox and dox’ol 

in a cell. Thus, k1 is equivalent to the total dox and dox’ol in a cell for a given time. 

We also calculated enzyme kinetics for dox using the enzyme kinetic Michaelis–Menten equation: 
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𝑉𝑉 =
Vmax[Dox]

Km + [Dox]
 

V is velocity of conversion from dox to dox’ol; dox’ol formation at a given time. Vmax is maximum 

rate of chemical conversion. [Dox] is the concentration of dox in a single cell or lysate. And, Km 

is Michaelis–Menten constant. Using a similar idea as in k1, we calculated rate constant of drug 

influx into cell nucleus. We simply measured the accumulation of dox (k2) and dox’ol (k’2) in the 

nucleus. The rate constant was calculated from the slope of total dox or total dox’ol accumulated 

in the nucleus. Thus, k2 and k’2 are equivalent to the respective total dox and total dox’ol in a 

nucleus for a given time. 

3.4 Results 

The spectral microscopy system indicates localization of dox and its 

metabolite dox’ol to cell nucleus.  

The pure dox spectral characteristics were captured using the SKY filter in cell-free (positive 

control) and fixed-cell systems. The spectral images revealed dox location in the cell, which 

mainly localized in the nucleus (Supp Fig. 6a). The characteristics spectra of the pure dox were 

recorded to have peaks at 592 and 670 nm. The spectral characteristics of dox were then uploaded 

and stored in the spectral library, and they were recalled and pseudo-colored during experimental 

cell analysis. The intensity in each pixel of the spectral was compared among the background 

(negative control) and different concentrations of dox (Supp Fig. 6b; see “Materials and 

methods”). Importantly, we were able to identify and quantify the amount and location of dox 

within single cells at a lower concentration. Please note that while we treated the cells with 1 nM 
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of dox, this did not imply that 1 nM of dox was detected inside the cells. This was discussed below. 

The intensity variations of the dox wavelengths were quantified for each dox concentration (Supp 

Fig. 6c). The spectra intensity was increased as higher concentrations of dox were used. 

Interestingly, we also observed a potential peak at 520 nm in the cells treated with a higher dose 

of dox. Because this peak was not observed in cell-free system, we hypothesized that 520 nm might 

represent a metabolite peak of dox.  

Dox is known to be metabolized to dox’ol (Schaupp et al., 2015), (Boucek et al., 1987), (X. Wang 

et al., 2019). To investigate if the 520 nm peak was dox’ol, we scanned the wavelengths of dox’ol 

only, different concentrations of dox’ol, and dox/dox’ol mixture (Fig. 3-3a). We could confirm 

that the spectral peak of the dox’ol was at 520 nm (Fig. 3-3b). The spectral characteristics of dox’ol 

were uploaded and stored in the spectral library, and they were recalled and pseudo-colored in the 

other separate images for further analyses. In addition, the background spectra with or without the 

cells were recorded to distinguish spectral intensity at 520 nm peak. The intensity variations of the 

dox’ol wavelengths were next quantified for each dox’ol concentration (Fig. 3-3c). Cells treated 

with different concentrations of dox’ol showed the location of dox’ol within the cell samples, 

which was concentrated mainly in the nucleoplasm area. Hence, we confirmed for the first time 

the ability of spectral microscopy system to track and identify a high image resolution of parental 

drug dox and its metabolite dox’ol in single cells. 
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Figure 3-3: Spectral Imaging on dox’ol.  

(a) Brightfield, emission spectral and merged images of dox’ol-only (dissolved dox’ol as a positive control), 
2:3 of dox’ol:dox (positive control), non-treated cells (negative control), and 18-h dox’ol-treated cells at 
various concentrations. Cells were then fixed and imaged. White box = background; red box = lower signal 
intensity of dox’ol; blue box = higher signal intensity for dox’ol. (b) The graphs show the spectra 
characteristics of dox’ol, showing peak at 520 nm (Peak3). Dox is shown with peaks at 592 nm (Peak1) and 
670 nm (Peak2). (c) The bar graphs exhibit the variations of the intensity data points for Peaks1, 2, and/or 3. 
N = 3 (control groups) and N ≥ 20 (treatment groups). Scale Bar = 10 μm.  
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The spectral microscopy had a linearity for quantification purposes 

We evaluated if the spectral microscopy system could have the linearity to quantify rhodamine 

(Supp Fig. 7), dox (Supp Fig. 8) and dox’ol (Fig. 3-4). Our approach included analyses of each 

peak individually (Peak 1 and Peak 2) and potential interaction between peaks (Peak1/Peak2). For 

rhodamine, we analyzed the linearity with (Supp Fig. 7a) and without (Supp Fig. 7b) the over- 

saturated point. Note that the saturated point in our spectral microscopy system was used to 

confirm rhodamine using the standard fluorescence microscope. The first major peak of rhodamine 

at 580 nm represented the linearity of spectral intensity that we could use for quantitation purposes 

for rhodamine. On the other hand, the linearity for dox was confirmed to be the major peak of 592 

nm (Supp Fig. 8a). Because dox is associated to induce cell apoptosis (S. Wang et al., 2004), we 

took this opportunity to quantify cells with abnormal nucleus and/or smaller cell morphology 

(Supp Fig. 8b). Our data confirmed that we were using dox compound having activity at a very 

low concentration of nM. Because dox’ol showed only one peak at 520, we proceeded to analyze 

this peak (Fig. 3-4). The linearity of spectral intensity of dox’ol peaks from the spectral microscopy 

was confirmed at 520 nm. Our analyses indicated that the spectral microscopy system had potential 

capability for quantification.  
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Figure 3-4: Analysis of linearity of dox’ol in spectral imaging 

Linear regression analysis for the cells treated with dox’ol by spectral imaging. The graph 
illustrates the average intensities of the peak (520 nm). N = 3 
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The spectral microscopy could quantify the kinetic changes of intracellular 

levels of dox and dox’ol.  

To understand pharmacokinetics of dox, we first performed a time-lapse study (Fig. 3-5) and 

analyzed the changes in spectral intensity for 0.01 nM of rhodamine (Supp Figs. 9, 10). Again, 

rhodamine was used as a control, because we could confirm its fluorescence easily using regular 

fluorescence microscope. There were increases in the amount of rhodamine with time in the 

cytoplasm area as depicted in the intensity increase. In the spectral microscopy system, the increase 

in the wavelength intensity included the peak at 515 nm, which was suspected to be rhodamine 

metabolite. 

For quantitation purposes, we used our prior studies using the traditional LC/MS method for dox. 

For dox’ol, the linearity was found with the precursor ion at m/z 546 Da (Fig. 3-7a), consistent 

with a previous study (Schaupp et al., 2015). We could differentiate two precursor ions (peaks) at 

m/z 544 Da (dox) and 546 Da (dox’ol) in cell-free system as another verification of our LC/MS 

(Fig. 3-7b) and cell lysate as a correlation for our pharmacokinetic studies for dox (Fig. 3-7c,d). 

The intracellular distribution of dox was calculated from LC/MS to be 3.93 ± 0.32 μM/min/mg of 

total protein with the Km of enzyme kinetics of 0.19 ± 0.02 μM/mg of protein. 
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Figure 3-5: Time-lapse Imaging for The Cells That Treated With 1 nM Dox. Images were 
captured every 20 minutes for 440 minutes. Dox accumulated in the nucleus area more than 
in the cytoplasm.   

Brightfield Spectral Merged Brightfield Spectral Merged 
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Brightfield Spectral Merged Brightfield Spectral Merged 

Continue Figure 3-5 
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Figure 3-6: Line Graphs Represent Dox Wavelengths at Different Time Points.  

The wavelength intensity increases over time. The red line represents the cytoplasm area, while 
black shows the background region, which is in the nucleoplasm. At the beginning of tracking, 
dox found in the cytoplasm area, but it then moved to the nucleoplasm area completely. 
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Figure 3-7: Linear Regression Analysis of Dox’ol Cell-free & Dox Cell Lysate 

(a) Linear regression analysis of dox’ol-only in the cell-free system was performed from QTOF-
LC/MS data.  The linearity of dox’ol was detected at the precursor ion m/z 546 Da.  (b) The bar graph 
shows a pure mixture of dox and a dox’ol in cell-free system by Q-TOF LC/MS.  (c) Cells treated with 
2 µM dox were collected at different time points and analyzed for dox (m/z 544 Da).  Dox influx into 
the cells was calculated.  (d) Cells treated with 2 µM dox were collected at different time points and 
analyzed for dox’ol (m/z 544 Da).  Enzyme kinetics (Vmax and Km) were calculated based on the 
linear influx of dox.  N=3. 
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The time-lapse of dox was next performed in single cells for about 7 h (Supp Fig. 3-5). 

Quantitative analysis of the spectral intensity of 1 nM dox indicated that dox was first accumulated 

in the cytoplasm in the first hour (Figs. 3-6, 3-8). Subsequently, a higher accumulation of dox was 

detected in the nucleoplasm (Fig. 3-9a). Of interest was the metabolite peak at 520 nm, which 

slowly and steadily increased (Fig. 3-9b). Given that dox (Supp Fig. 6) and dox’ol (Fig. 3-3) were 

represented by the respective spectra peaks of 592 and 520 nm, we calculated the rate constants of 

dox and dox’ol distributions in the cells and kinetic conversion of dox to dox’ol (Fig. 3-9c). The 

rate of dox accumulation in the cytoplasm was 1.49 ± 0.04 pM min−1. In the cytosol, dox was 

converted to dox’ol with enzymatic characteristics of Vmax at 0.24 ± 0.01 pM min−1 and Km at 

25.14 ± 2.14 pM. Both dox and dox’ol were then distributed to the nucleus with rate constants of 

0.84 ± 0.02 pM min−1 and 0.28 ± 0.01 pM min−1, respectively. 
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Figure 3-8: Curve-fit Analyses of Time-lapse Imaging for The Cells Treated With Dox  

In cytoplasm (a), nucleoplasm (b) and entire cell (c).  The left panels show the analyses of time-lapse 
imaging data points for the cells treated with rhodamine for Peak1 (592 nm), Peak2 (670 nm) and 
Peak3 (520 nm). The right panels represent the ratios of different peaks. 
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Figure 3-9: Metabolism of dox to dox’ol in Single Living Cells  

(a) The time-lapse of brightfield, spectral and merged images are shown for cells treated with 
1 nM dox for 440 minutes with red-line (cell border) and yellow-line (nucleus border). (b) The 
graphs depict the spectra intensity of peaks at 592 nm (Peak1; dox), 670 nm (Peak2) and 520 
nm (Peak3; dox’ol).  (c) The rate constants of dox influx into a cell (k1) and nucleus (k2) were 
calculated.  The rate constant of dox’ol influx into a nucleus (k2’) was greater than k2.  The 
enzyme kinetics of dox metabolism was calculated for their maximum velocity (Vmax) and 
Michaelis constant of dox affinity (Km).  A 3-compartment model for dox metabolism is 
illustrated. N=4. 
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3.5 Discussion 

Because evaluation of drug and its metabolite is an essential process to understand drug activity, 

stability, toxicity and distribution during drug development (Deshaies, 2020), we compared the 

use of our novel technique to LC/MS, which is the standard analytical tool for screening and 

identifying drug metabolites (Rubakhin et al., 2011). Without labeling the drug and destroying the 

samples, we here demonstrated that spectral microscopy could allow us to analyze rates of drug 

metabolism and subcellular distribution. The significance of this method in drug discoveries is 

multiple. First, dox’ol is believed to contribute significantly to cardiotoxicity in cancer patients 

(Schaupp et al., 2015). Because dox is still used as chemotherapy regimens, further investigation 

of dox metabolism is warranted. Second, the cardiotoxicity of dox’ol is more complicated than 

once thought. It is generally thought that dox’ol interferes with cardiac contraction primarily by 

inhibiting membrane-associated ion channel (Boucek et al., 1987). Our data showed that the long-

term effect of dox’ol in the cell nucleus, which was previously unknown, could not be ignored. 

Using a standard LC/MS approach, the intracellular distribution of dox was calculated to be 3.93 

± 0.32 Μm min−1 mg−1 of total protein (Fig. 3-7). To put this value into perspective from the 

spectral microscopy approach, we would need to assume that one mammalian cell has about 250 

pg proteins (Cheung et al., 2013). This assumption would result in a rate constant of ~ 1.5 pM 

min−1·1.5 cell−1, compared to the microscopy approach of ~ 1.5 pM min−1 cell−1 (Fig. 3-9). Using 

QTOF-LC/MS, we calculated the Km of enzyme kinetics was 0.19 ± 0.02 μM mg−1 of protein 

(Fig. 3-7). With the same assumption of 250 pg protein/cell, the Km was converted to about ~ 25 

pM per 100 cells by the traditional approach compared to spectral microscopy of ~ 25 pM per one 

cell (Fig. 3-9). 
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Comparing the discrepancy ratios between 1:1.5 cells for distribution rate constant and 1:500 cells 

for enzyme kinetic Km, we postulated that most of dox’ol metabolite were tightly bound to the 

DNA in the nucleus. As a result, the metabolism rate of dox to dox’ol might have been 

underestimated by 1 to 500 cells due to subcellular localization of dox’ol in the nucleus. During 

isolation from the cell lysate, the incomplete separation of nuclear dox/dox’ol could contribute to 

underestimation for the dox’ol formation by ~500 cells. It is important to note that the discrepancy 

did not imply that spectral microscopy provided more accuracies to calculate the respective 

distribution rate and enzyme kinetics. The reason was that both LC/MS and microscopy 

approaches were not equally comparable to one another. The spectral microscopy might provide a 

better resolution of drug disposition and metabolism at a single cell-resolution. On the other hand, 

LC/MS would provide a more robust analysis at an organ system level. 

The spectral microscopy uses a combination of high-resolution imaging and spectroscopy 

techniques. This is a valuable approach that is currently under-utilized to study valuable biological 

and clinical samples. The advantages of the spectral microscopy include the following. First, it is 

not labor-intensive and time consuming for sample preparation to perform quantitative bioanalysis, 

compared to other methods. Second, there is no concern about matrix interfering with the drugs. 

Using a standard HPLC approach, matrix proteins, lipids or salts need to be removed either to 

prevent the column from clogging or to improve HPLC reliability, sensitivity and selectivity in the 

analysis. Third, the spectral microscopy approach requires no additional treatment to samples. In 

traditional fluorescence imaging, samples are to be tagged, treated or radio-labelled to increase the 

reliability of sample detection. The detection of drug and its metabolite becomes unlikely. Fourth, 

the high-resolution imaging provides spatial and temporal information of a drug and its metabolite. 

In contrast, a combination with spectroscopy gives valuable information of the drug metabolism 
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for each pixel of the image. The disadvantage of the spectral microscopy is that unlike regular 

imaging which is relatively more straightforward, it involves changing the optical pass differences 

to collect the essential information for the entire image. In addition, the spectral microscopy for 

the use of quantitation will still depend on LC/MS to help calibrate the linearity of the spectral 

signal. 

3.6 Conclusion  

Without labeling drugs and destroying the samples, SI is a novel method that allows us to analyze 

the dynamics of drug distribution and metabolism in single living cells (Supp Fig. 12). The 

spectral microscopy provides a high image resolution to track and identify dox and its metabolite 

dox’ol. The microscopy approach confirms that both dox and dox’ol are translocated to the nucleus 

at different rates, while rhodamine remains in cytoplasm. The use of novel spectral microscopy 

approach on dox, dox’ol and rhodamine is for the first time validated with a traditional approach 

of LC/MS. 
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Chapter 4: Summary 

In the biomedical research, there is a necessity for an easy and inexpensive system to study drugs 

at the levels of cells and tissues. Among inorganic molecules such as NPs, inductively coupled 

plasma mass spectrometry (ICP-MS) and inductively-coupled plasma atomic emission 

spectroscopy (ICP-AES) are conventional methods used for the quantification of the NPs. Besides 

matrix interference, chemical involvement, the requirement of a liquid sample, plasma sensitivity 

to organic solvents are all disadvantages of ICP linked procedures. While fluorescent-conjugated 

NPs are commonly used to detect NP localization in live biological samples, they may interfere 

with NP function, localization, cytotoxicity, and biodistribution. However, the combination of 

imaging and spectroscopy in SI provides high-resolution spatial and temporal information of 

spectra characteristics in each pixel. Here, we were able to use SI to identify and quantify the 

presence of NPs without the need to destruct or liquify the samples. This allowed us to conduct 

live-cell imaging, which would not have been possible otherwise. We could calibrate the spectra 

library by combining imaging and the singularity/plurality of a chemical's spectra "signature." We 

could pick up various spectra at 420 nm in Ag(s)-NPs, for example, peak with or without a 

shoulder. We discovered that peaks without a shoulder were always found in the core of NPs, 

whereas peaks with a shoulder were found on the periphery. Also, we didn't need to use fluorescent 

to mark our NPs. Labeling NPs necessitated an extra step in the synthesis process, making it more 

expensive and time-consuming. We were able to examine the dynamic uptake, mobility, and 

distribution of several types of free-labeled NPs in single cells using SI.  

We were able to trigger the behaviors of the NPs in single cells using a live imaging approach that 

scanned spectra, and we found that NPs eventually accumulated in the cell nucleus. Among tissues, 
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Ag(s)-NPs and Ag-NPs were identified largely in the kidney and spleen, respectively. Au-NPs, on 

the other hand, were found distributed largely in the liver. Furthermore, among organic molecules, 

we discovered for the first time that SI is a revolutionary tool for analyzing the kinetics of drug 

distribution and metabolism in single living cells without tagging the drug or damaging the 

samples. The dox metabolite, dox’ol, is tracked and identified using spectral microscopy, which 

has a high image resolution. According to the microscopy method, both dox and dox’ol are 

translocated to the nucleus at varying rates, whereas rhodamine stays in the cytoplasm. 

Future Directions: 

We have revealed that SI could serve as a valuable technique to understand the distribution, 

dynamic movement, and behavior of drugs and NPs used in biomedical research and clinical 

medicine. Investigation/scanning more and different types of inorganic and organic molecules will 

be our next step. The availability of a library of spectra recorded from various molecules will allow 

us to use SI in many medical applications. 
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Supplementary Information 

  

 

 

 

 

 

Supp Fig 1. UV-VIS spectra of Ag(s)-NPs (a) and Au-NPs (b) with maximum wavelengths at 420 

and 536 nm, respectively.  Different lines represent different concentrations. The middle panels 

present the magnified areas of NPs peaks. The lower panels show linear regression analysis of the 

corresponding peaks of Au-NPs and Ag(s)-NPs at different concentrations.  
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Supp Fig 2. Time-lapse imaging for the cells treated with 0.1 mg of Ag(s)-NPs in 2mL media.  

Images were captured every 20 minutes for about 8 hours.  Over time, the number of Ag(s)-NPs 

increases in the nucleoplasm area.  
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Supp Fig 3. Different graphs represent different Ag(s)-NP wavelengths.  The pink lines represent 

the core area of Ag(s)-NPs, while the yellow lines show the shell of Ag(s)-NPs. The black lines 

represent the background area. 
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Supp Fig 4. Time-lapse imaging for the cells treated with Au-NPs.  Images were captured every 

20 minutes for 7 hours and 40 minutes. Over time, the number of Au-NPs increased in the 

nucleoplasm area.  
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Supp Fig 5.  Different graphs represent different Au-NPs cluster wavelengths with blue color, 

while black color exemplifies the background area. 
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Supp Figure 6. Spectral imaging on dox. 

(a) Brightfield, emission spectral and merged images of dox-only (dissolved dox as a positive control), non-
treated cells (negative control), and 18-h dox-treated cells at various concentrations. Cells were then fixed 
and imaged. White box = background; red box = lower signal intensity; blue box = higher signal intensity 
for dox. (b) The graphs show the spectra characteristics of dox, showing peaks at 592 nm (Peak1) and 670 
nm (Peak2). (c) The bar graphs exhibit the variations of the intensity data points for Peak1, which was 
higher than Peak2. N = 4 (control groups) and N ≥ 20 (treatment groups). Scale Bar = 10 μm.  
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Supp Figure 7. Analysis of linearity of rhodamine in spectral imaging. Linear regression data analyses 
of the cells treated with different concentrations of rhodamine 6G with spectral imaging. The graphs 
represent the average intensities of Peak1 at 580 nM, Peak2 at 679 nm, or the ratio of Peak1/Peak2, which 
included the saturation point at 100 μM (a) or without the saturation point (b). N ≥ 20. 

 

  



101 
 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

Supp Figure 8. Analysis of linearity of dox in spectral imaging. (a) Linear regression for the cells 
treated with dox captured from spectral imaging. The graphs illustrate the average intensities of Peak1 at 
592 nm, Peak2 at 670, and the ratio of Peak1/Peak2. N ≥ 20. (b) The bar graph displays the percentage of 
the abnormal cells (or dead cells) at different concentrations of dox. At least 50 cells were counted in N ≥ 9 
independent experiments. 
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Supp Fig 9.  Time-lapse imaging for the cells that treated with 0.01 nM rhodamine. Images were 
captured every 20 minutes for 440 minutes. Rhodamine accumulated in the cytoplasm more than in the 
nucleoplasm. 
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Supp Fig 10.  Line graphs represent rhodamine wavelengths at different time points. The wavelength 
intensity increases over time. Red line represents the cytoplasm area, while black shows the background 
region, which is in the nucleoplasm. 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

Supp Fig 11. The left panels show the analyses of time-lapse imaging data points for the cells 
treated with rhodamine for Peak1 (580 nm), Peak2 (679 nm) and Peak3 (515 nm). The right panels 
represent the ratios of different peaks.  
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Supp Fig 12. Overview of the spectral imaging workflow. The first step is to make a 
spectral library for the chemical of interest. The second step is to take an image and 
collect its spectral information. The third step is to use the spectral library to identify 
spectral of the chemical of interest from the image.   
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